Comparison of the active and resident community of a coastal microbial mat by Cardoso, D.C. et al.
1Scientific RepoRts | 7: 2969  | DOI:10.1038/s41598-017-03095-z
www.nature.com/scientificreports
Comparison of the active and 
resident community of a coastal 
microbial mat
Daniela Clara Cardoso1, Anna Sandionigi  2, Mariana Silvia Cretoiu1,3, Maurizio Casiraghi  2, 
Lucas Stal1,3 & Henk Bolhuis 1
Coastal microbial mats form a nearly closed micro-scale ecosystem harboring a complex microbial 
community. Previous DNA based analysis did not necessarily provide information about the active 
fraction of the microbial community because it includes dormant, inactive cells as well as a potential 
stable pool of extracellular DNA. Here we focused on the active microbial community by comparing 
16S rRNA sequences obtained from the ribosomal RNA pool with gene sequences obtained from the 
DNA fraction. In addition, we aimed to establish an optimal and feasible sampling protocol that takes 
potential spatial and temporal heterogeneity into account. The coastal microbial mat investigated 
here was sampled randomly and at regular time points during one 24-h period. DNA and RNA was 
extracted and after conversion of the RNA fraction to cDNA, the V1-V3 and the V3-V4 regions of the 
16S rRNA gene were targeted for high-throughput amplicon sequencing. We show that the community 
composition varies little in time and space whereas two amplified 16S regions gave significant different 
results. The largest differences were found when comparing the “resident community” (DNA) with the 
“active community” (cDNA/RNA); in the latter, Cyanobacteria dominated for almost 95% while they 
represented 60% of the resident fraction.
Coastal microbial mats consist of various, functional diverse microorganisms entangled in a sandy matrix that 
functions as a cooperative consortium1, 2. This consortium of microorganisms coordinates growth and nutrient 
cycling in a mutualistic way where each individual population on their own would be less successful under the 
same conditions3. Especially the primary producers in these mats, Cyanobacteria and diatoms, produce large 
amounts of extracellular polymeric substances (EPS) that stabilize the sediment and provide in interplay with 
the other mat inhabitants a nutritious environment for salt marsh vegetation1. Hence, these coastal microbial 
mats lay the foundation for a natural buffer zone between land and sea4. For the past 50 years coastal microbial 
mats have been extensively studied using a variety of techniques and approaches including microscopy analysis5, 
biochemical studies based on lipid content6, 7, analysis of carbohydrates and proteins8 and cultivation of micro-
organisms9, 10. Traditional culturing techniques are hampered by the inability to culture an important fraction of 
the extant microbial diversity11. However, in the era of molecular microbial ecology uncultured species can be 
identified by their genetic information. Initially, Sanger-based DNA sequencing and molecular fingerprinting 
were the standard techniques but were operated at low throughput and revealed only the most abundant species12. 
Recent developments in high throughput sequencing and bioinformatics allow the analysis of microbial commu-
nities at high resolution and elucidate the rare biosphere13. The current standard in microbial diversity studies is 
high throughput amplicon sequencing using Illumina’s sequencing by synthesis technology14. Dedicated primers 
targeting one or two of the nine hypervariable regions in the 16S rRNA gene allow to uncover the near full diver-
sity of bacteria and archaea in any microbial ecosystem15. A potential drawback of DNA-directed community 
analysis is that environmental samples also contain extracellular DNA pools16 and DNA from inactive, dormant 
cells, or non-resident organisms that do not contribute to the active community at the time of sampling17, 18. This 
may hamper the ultimate goal of translating genetic diversity into extant functional diversity. Probing the actual 
RNA pool, which for more than 90% consists of ribosomal RNA may provide a better strategy to predict actual 
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ecosystem functioning. RNA is only stable in active cells19, because it is conducting metabolic processes, while 
potential extracellular RNA pools are rapidly degraded after cell death20. Therefore, RNA makes a better indicator 
for extant microbial activity than DNA21.
Coastal microbial mats located at the North Sea coast of the Dutch barrier island Schiermonnikoog were pre-
viously analyzed by 454 pyrosequencing of the 16S rRNA V6 region using a single sample per mat type and per 
season. This work yielded insight in one of the most diverse marine microbial ecosystems22. However, this study 
was limited to only one sample per microbial mat type per season and the analysis only covered a short ~60 nt 
hypervariable region of the 16S rRNA gene. While a certain level of micro-heterogeneity between spatial nearby 
samples was observed23, nothing is known about potential temporal heterogeneity in the rRNA pool composition 
during a full day and night cycle.
Here, a statistical relevant sampling strategy for long-term monitoring of the pioneering marine microbial mats 
was developed. Analysis included 1) temporal and spatial heterogeneity, 2) the extant (DNA) versus the active 
(RNA) diversity and 3) the diversity obtained by targeting two different 16S rRNA regions for amplicon sequencing.
Results
General sequence statistics. Coastal microbial mat samples were subjected to MiSeq Illumina amplicon 
sequencing focusing on different variable regions of the bacterial 16S rRNA gene: V1-V3 and V3-V4. Amplicon 
sequencing yielded between 66834 to 508866 reads per sample with an average of 197898 reads (Table 1). The 
combined V1-V3 dataset of the six DNA samples revealed 1255 different OTUs at 95% identity (varying between 
909 and 1038 OTUs per sample). For cDNA we calculated in total 1020 different OTUs (between 435 and 648 
OTUs per sample). For the V3-V4 region 1164 OTUs were identified at 95% identity in the DNA fraction 
(between 854 to 1073 per sample) and 1053 OTUs in the RNA fraction (varying between 558 and 917 per sam-
ple) (Table 1). 99.9% of all the reads clustered into 41% and 27% of the DNA derived OTUs from the V1-V3 and 
V3-V4 region, respectively. The remaining 0.1% of the reads (59% and 73% of the OTUs) consisted of reads with 
only a few copies, representing the rare microbial diversity. For the cDNA-derived sequences between 15 and 
20% of the OTUs contained 99.9% of the total number of reads and between 80 and 85% of the OTUs represent 
the remaining 0.1% of the diversity for the V1-V3 and V3-V4 region respectively. Alpha-diversity estimates at 
the 95% OTU level revealed highest diversity in the DNA derived sequences (Shannon index: 4.6 for the V1-V3 
region and 4.9 for the V3-V4 region; (Table 1)). Diversity in the cDNA derived dataset was lower (Shannon diver-
sity: 4.2 for V1-V3 and 3.8 for V3-V4). With ~1300 versus ~1200 estimated OTUs, the Chao richness estimator at 
95% sequence identity was also higher in the DNA derived dataset than in the cDNA derived dataset.
Cluster analysis of spatial and temporal heterogeneity versus activity and choice of 16S-rRNA gene region. Our sam-
pling strategy yielded six samples that represent both different time points and different parts of the microbial mat to 
include both temporal and spatial heterogeneity. To be able to directly compare the different datasets and infer their 
taxonomic identity, the OTUs at 95% identity were assigned up to the genus level. NMDS Bray-Curtis analysis of the 
observed community composition at this level revealed four distinct clusters with only minor overlap between the 
V1-V3 and the V3-V4 dataset of the cDNA fraction (Fig. 1). Using permutational multivariate analysis of variance 
(PERMANOVA) statistics with 1500 permutations revealed separate clustering of the nucleotide source (DNA vs 
cDNA: p ≤ 0.001) and of the targeted 16S rRNA gene region (p-value ≤ 0.01). Furthermore, PERMANOVA analysis 
revealed that although not identical (Fig. 1), samples taken at different time points or location within the 24-h sam-
pling period clustered independent of time and space without significant difference (p 0.998).
Figure 1. Non-metric multidimensional scaling plot (Bray-Curtis dissimilarity analysis) of the complete 
dataset (at genus level) including the six time points of sampling over a 24-h period, the different 16S rRNA 
regions analyzed and templates used (DNA versus RNA). Blue represents V3-V4 derived sequences and red 
represents V1-V3 derived sequences.
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Comparison of the 16S gene regions and the active bacterial community. The taxonomic assignment of the V1-V3 
and the V3-V4 16S rRNA sequences derived from the DNA template revealed Cyanobacteria (57% and 56%, 
respectively) and Proteobacteria (37% and 19%, respectively) as the dominant groups, while Bacteroidetes (3% 
and 15%, respectively) and Chloroflexi (1.4% and 5.5%, respectively) were among the less abundant phyla (Fig. 2). 
Particularly, some rare phyla were absent from the V1-V3 dataset (candidate division OD1, Chlamydiae and 
candidate division NPL-UPA2) relative to the V3-V4 dataset. In particular, this was the case in the RNA frac-
tion that also lacked candidate divisions BD1-5, TM6, Hyd24-12 and the Fusobacteria in the V1-V3 dataset. At 
the genus level, the V1-V3 datasets of the DNA fraction revealed a lower diversity than the V3-V4 dataset, in 
agreement with the OTU diversity in Table 1. Sequences derived from the RNA template revealed a near absolute 
dominance of Cyanobacteria that made up 94% and 90% of the V1-V3 and the V3-V4 dataset, respectively, and 
Proteobacteria constituted 5%. Bacteroidetes and Chloroflexi were found at significant numbers in the V3-V4 
dataset (3 and 1% respectively) but constituted less than 0.5% of the V1-V3 dataset. For the RNA fraction no 
significant difference was observed in Shannon diversity deduced from the genera distribution (data not shown). 
A Venn diagram was created revealing the number of unique and shared genera between the different nucleotide 
extraction methods and the analyzed 16S rRNA gene regions (Fig. 3). Out of the 384 identified genera, 69% (264) 
were shared by all sampling strategies, whereas only a few genera were unique to one of the sampling strategies. 
Unique to the V1-V3 dataset were 18 genera that were not found in the V3-V4 dataset. These genera included the 
Cyanobacteria genera, Nostoc and Calothrix, three Planctomycetes, while the majority were Alphaproteobacteria. 
Sixteen genera were unique to the V3-V4 dataset, and represented mainly Bacteroidetes and Proteobacteria 
DNA1 RNA1
Primer set V1–V3 V3–V4 V1–V3 V3–V4
Sequences that passed QC 640378 1072313 966219 2070641
# OTUs (95% identity) 1255 (±39) 1164 (±69.5) 1020 (±70) 1053 (±108)
# Dominant2 OTUs (99.9%) 348 482 207 163
# Rare2 OTUs (0.1%) 907 682 813 890
Shannon diversity (95% OTU) 4.6 4.9 4.2 3.8
Chao richness (95% OTU) 1392 1300 1228 1198
Table 1. Statistical analysis of sequencing data. 1Data presented is average of the six samples. 2Dominant OTUs 
are the number of OTUs to which 99.9% of all the sequence reads clustered whereas rare OTUs only contain the 
remaining 0.1% of the total number of reads.
Figure 2. Taxonomic distribution comparison of the four different analysis. (A) bacterial phyla, (B) 
cyanobacterial order (C) proteobacterial class and (D) bacteroidetal class. “Other” represent sequence reads 
not further assigned within the taxa. The y axes in (B) starts at 75% for better representation of the distribution 
of the cyanobacterial orders. The nucleotide source is presented at the top whereas the amplified 16S region is 
presented in the x-axis. For large datasets only the dominant taxa were presented.
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(Fig. 3). Only a limited number of genera differed between the DNA and RNA fraction in either the V1-V3 or 
the V3-V4 dataset (7 and 2 genera, respectively). In terms of coverage, the number of different genera identified 
relative to the total number of genera found in this study, the V3-V4 primer set revealed only a slightly better 
coverage (92.5%) than the V1-V3 primer set (91.6%).
At the cyanobacterial order level (Fig. 2B) the largest variation was found when comparing the RNA with 
the DNA pool. This difference is most noticeable when looking at the contribution of the subsection IV in rela-
tion to subsection II. Subsection IV contributes about 10-fold more, in the RNA pool than subsection II. The 
choice of 16S rRNA gene region hardly affected this result. In contrast, the proteobacterial class shows a larger 
effect depending on the sequenced 16S rRNA region (Fig. 2C). While Alphaproteobacteria dominate in the DNA 
and RNA pools when the V1-V3 region was considered, these bacteria are at the second place according to 
the V3-V4 region. The latter region revealed a more even distribution between the three dominant proteobac-
terial classes. Gammaproteobacteria dominate the DNA fraction taking the V1-V3 region into account, while 
Deltaproteobacteria dominate in the RNA fraction when the V3-V4 region was considered. Class distribution 
within the third most abundant phyla of Bacteroidetes revealed only small differences between the different 
experimental approaches. There appeared to be a slightly higher contribution of Cytophaga in the RNA fraction 
of the V3-V4 region and a concomitant lower contribution of the Flavobacteria, while in the V3-V4/RNA derived 
sequences a group of unclassified Bacteroidetes increased in relative abundance.
When zooming in at the genus level, in both 16S rRNA regions an unassigned genus of the subsection III, fam-
ily I Cyanobacteria dominated the extant diversity making up ~30% of the total bacterial community (Table 2). 
Coleofasciculus sp. took the second place with 6–9% in the DNA fraction and 16–20% in the RNA fraction. 
Lyngbya sp. was in the top 10 most abundant Cyanobacteria in the RNA fraction. The only other group of bac-
teria present in the top 10 of the RNA derived sequences was the deltaproteobacterium Nannocystis, comprising 
0.5% of the total diversity. In contrast, amongst the Proteobacteria only alphaproteobacterial genera, mostly of 
the family of Rhodobacteraceae, were found in the DNA fraction (e.g. unassigned, Loktanella, and Jannaschia). 
Chloroflexi and Bacteroidetes were among the top 10 of most common organisms in the V3-V4/DNA dataset.
Discussion
In order to understand the ecology of the communities of microbial ecosystems more than just one snapshot in 
time and space is required. Previous molecular genetic investigations of these microbial mats22 were hampered by 
under-sampling, prohibiting statistical relevant sample numbers, and by short sequence reads.
The present study demonstrates that for the investigated coastal microbial mats, the previously determined 
heterogeneity in community composition23 might not give the full picture of what happens to the community as a 
whole, taking into account the resident as well as the active fraction of the community. Cluster analysis in combi-
nation with PERMANOVA testing of significance showed that temporal variations in the bacterial diversity were 
negligible within the 24-h sampling period. The other variables (nucleotide source or variable region sequenced) 
did not affect this conclusion. Not even the RNA fraction revealed any temporal variations in the active commu-
nity although it may be expected that growth and activity of different functional groups of microorganisms in 
the community might have shown day-night variations, for instance, under control of a circadian clock. This was 
obviously not the case in the investigated mats and this justifies the conclusion that the active microorganisms 
required the synthesis of ribosomes throughout the day-night cycle. Distinct diel variations in the active bacterial 
fraction have been observed in open waters24. These variations were more likely associated with the continuous 
dynamics of water movement such as upwelling and tide related currents that may introduce other microorgan-
isms and therefore alter the community composition. In microbial mats in- and export of microorganisms is low 
and this results in the formation of a stable community composition. The discovery that the active community did 
not change over a day-night cycle is new, but may be understood considering the different metabolic processes 
that are constitutive in active microorganisms and therefore continuously require ribosomes. It is now clear from 
Figure 3. Venn diagram revealing the number of shared and unique genera in the different datasets. In total 
384 different genera were identified in this analysis. Phyla unique to the different datasets are described in the 
outlined boxes with the number of different genera per phyla within brackets.
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our investigation that there is limited spatial heterogeneity, which is in agreement with DGGE results variation 
in the community composition of these coastal microbial mats23, at least not when the sampling is limited to 
the relative small area chosen in this study. The 24-h sampling strategy is obviously not required for the study of 
the microbial community composition in coastal microbial mats, since the active microbial community did not 
change during a day-night cycle. We considered these samples as replicates for statistical analyses.
Comparison of the two variable regions of the 16S rRNA gene. The 16S ribosomal RNA gene con-
tains several highly variable and more conserved regions. Sanger sequencing allowed for high quality sequencing 
of up to 1000 nucleotides albeit at low throughput and focused on near full length sequencing of the 16S rRNA 
gene. Current high throughput sequencing technologies however are optimized for short read lengths and focus 
on one or more of the nine hypervariable regions25 or tandem pairs thereof. An optimal sequencing strategy 
should be defined as using truly universal, unbiased primers, amplifying a region that provide 100% coverage 
of the extant diversity and can rely on a complete reference database for taxonomic identification. However, 
this utopia is still far from reality and researchers rely on comparative studies and empirical data to make their 
choices. We compared two primer sets that amplify two tandem pairs of hypervariable regions; the V1-V3 and 
the V3-V4 hypervariable regions. One notable observation was that these pairs gave different community com-
positions. Although the major players were similar and both primer sets predicted ~60% of Cyanobacteria in the 
DNA fraction, the relative abundance of Proteobacteria and Bacteroidetes differed between the DNA and RNA 
fractions (Fig. 2A). Also Chloroflexi, Planktomycetes and Actinobacteria were more represented in the V3-V4 
dataset in agreement with a previous study in which similar mats were studied by 454 pyrosequencing of the 
hypervariable V6 region22. The V3-V4 data set also predicted a higher Shannon diversity (4.9 versus 4.6 in the 
V1-V3 set) and a slightly better coverage at the genus level. Cai, et al.26 conducted a broad comparative study to 
the effect of choice of primer sets on the derived community composition. These authors compared short ampli-
cons (<500 nt: V1-V2, V3-V4, V5-V6, and V7-V9) with long amplicons (723–795 nt: V1–V4, V3–V6, and V5–
V9) and concluded that the V3-V4 region performed best based on little bias, and high genus coverage. However, 
other studies reported that, for example, the family of the Enterobacteriaceae and the Clostridiales were poorly 
resolved when using the V3-V4 primers27. Thus, different primer sets are promoted by different ambassadors but 
none of these are yet free of bias. For future experimentations we recommend the V3-V4 primer set because in 
our hands it provided a higher resolution at the genus level.
Probing the active population. Several studies compared DNA with RNA based sequencing strategies to 
infer about the active microbial fraction in various environments such as soil, sediment, plankton28–32. The main 
assumption behind these comparisons is that RNA is retrieved only from active organisms. Moreover, the DNA 
pool may also consist of stable extracellular DNA, i.e. DNA from lysed cells that may have been accumulated over 
days, weeks, months or longer33, 34 and from cells that are still intact but inactive (e.g. dormant cells and spores) 
which may lead to an over-representation of certain species in the derived community composition. For stable 
communities one could argue that the extracellular DNA pool represents the actual community and would not be 
different when rRNA is used. Only in a highly dynamic system, these stable pools of DNA may lead to a misrep-
resentation of the actual diversity. RNA molecules are less stable mainly due to two reactive hydroxyl groups in 
V1V3–DNA % V1V3-RNA %
Unass. genus 1 (Cyanobacteria, sub III, fam I) 32.7 Unass. genus 1 (Cyanobacteria, sub III, fam I) 29.1
Unass. genus 2 (Cyanobacteria, sub III, fam I) 8.3 Coleofasciculus (Cyanobacteria, sub III, fam I) 19.9
Unass. genus (Alphaproteobacteria, Rhodobacteraceae) 7.5 Unass. genus 2 (Cyanobacteria, sub III, fam I) 12.8
Coleofasciculus (Cyanobacteria, sub III, fam I) 6.3 Lyngbya (Cyanobacteria, sub III, fam I) 10.7
Loktanela (Alphaproteobacteria, Rhodobacteraceae) 6.1 Rivularia (Cyanobacteria, sub IV, fam II) 9.8
Phormidium (Cyanobacteria, sub III, fam I) 3.1 Arthrospira (Cyanobacteria, sub III, fam I) 4.4
Jannaschia (Alphaproteobacteria, Rhodobacteraceae) 2.8 Phormidium (Cyanobacteria, sub III, fam I) 2.3
Roseovarius (Alphaproteobacteria, Rhodobacteraceae) 2.4 Unass. genus 1 (Cyanobacteria, sub I, fam I) 1.0
Wenxinia (Alphaproteobacteria, Rhodobacteraceae) 2.2 Unass. genus 2 (Cyanobacteria, sub I, fam I) 0.8
Porphyrobacter (Alphaproteobacteria, Erythrobacteraceae) 2.0 Spirulina (Cyanobacteria, sub III, fam I) 0.7
V3V4–DNA % V3V4–RNA %
Unass. genus 1 (Cyanobacteria, sub III, fam I) 28.3 Unass. genus 1 (Cyanobacteria, sub III, fam I) 30.9
Coleofasciculus (Cyanobacteria, sub III, fam I) 9.1 Coleofasciculus (Cyanobacteria, sub III, fam I) 16.0
Phormidium (Cyanobacteria, sub III, fam I) 7.0 Lyngbya (Cyanobacteria, sub III, fam I) 14.3
Unass. genus 2 (Cyanobacteria, sub III, fam I) 6.6 Unass. genus 2 (Cyanobacteria, sub III, fam I) 12.9
Unass. genus (Chloroflexi, Anaerolineaceae) 3.9 Rivularia (Cyanobacteria, sub IV, fam II) 12.2
Loktanela (Alphaproteobacteria, Rhodobacteraceae) 2.5 Phormidium (Cyanobacteria, sub III, fam I) 4.4
Maribacter (Bacteroidetes, Flavobacteriaceae) 1.9 Trichodesmium (Cyanobacteria, sub III, fam I) 1.2
Unass. genus (Bacteroidetes, Flavobacteriaceae) 1.5 Unass. genus 1 (Cyanobacteria, sub I, fam I) 1.0
Unass. genus (Chloroflexi, Caldilineaceae) 1.3 Nannocystis (Deltaproteobacteria, Nannocystaceae) 0.5
Unass. genus (Bacteroidetes, Saprospiraceae) 1.2 Unass. genus (Cyanobacteria, sub IV, fam II) 0.4
Table 2. Dominant OTUs at the genus level for both regions, V1-V3 and V3-V4 and for DNA and RNA.
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the ribose backbone and to the presence of ribonucleases in the cells and environment35. A linear relation between 
rRNA production and cell activity however is not straight forward. Blazewicz and coworkers provided various 
examples where ribosomal RNA pools did not necessary accurately reflect growth rate or growth state and high 
numbers of ribosomes and thus ribosomal RNA may even occur in dormant cells36. Currently, it is unknown 
how much the presence of extracellular DNA affects the estimation of the resident community but we also do not 
exactly know whether, in the RNA fraction, the ribosomal synthesis translates in 1:1 into an organism’s activity. It 
is possible that in the rRNA pool the activity of some organisms deviates the measured outcome from the actual 
activity and diversity. Removal of extracellular DNA is difficult and not straight forward and it may affect living 
cells. The relationship of rRNA and activity is also not straight forward and there may be considerable differences 
between different community members. Therefore, the most pragmatic approach is to maintain the extant (DNA) 
versus active (RNA) division but interpret the data cautiously.
In this study, all classified phyla were recovered from both the DNA and RNA fractions with the exception 
of some rare candidate phyla that were also not equally distributed over the replicates. At the genus level, 8% 
(V1-V3) to 8.5% (V3-V4) fewer genera were found in the RNA fraction relative to the DNA fraction although 
in general these only consisted of the low abundant genera. The largest difference between the RNA and DNA 
fractions could be explained by cyanobacterial reads that made up 94% of the total number of reads in the RNA 
and 60% in the DNA fraction. Also at the genus level the Cyanobacteria were more represented in the RNA frac-
tion. However, Proteobacteria contributed less than 0.01% of the total active community and were not found in 
all replicates
Given the macro and microscopic visual dominance of Cyanobacteria and their important role as primary 
producers in microbial mats, it is not surprising to see that they comprise the majority of the RNA derived 
gene sequences. Nevertheless, the actual numerical dominance of Cyanobacteria in ‘Cyanobacterial’ mats has 
been questioned by several authors13, 37, 38. In high Arctic hypersaline springs microbial mats dominated by 
Cyanobacteria (~20% of total diversity) in the DNA fraction appeared to be totally absent in the RNA fraction38. 
This was attributed to the dormancy of the Cyanobacteria at the time of sampling. Although sampling of the mats 
in our study was rather late in the season (early November) when development of the mats had slowed down, 
Cyanobacteria still outnumbered almost all other functional groups of microorganisms in this microbial mat.
The active Cyanobacteria consisted mainly of non-heterocystous filamentous species of Subsection III, Family 
I, which comprises the abundantly present genera such as Coleofasciculus (previously assigned as Microcoleus 
chthonoplastes), Lyngbya (L. aestuarii), and Phormidium, although the majority of sequences belonged to currently 
unassigned genera within this family. Subsection IV Cyanobacteria (heterocystous N2-fixing Cyanobacteria) are 
7-fold more abundant in the RNA fraction (11.5%) compared to the DNA fraction (1.7%), whereas Subsection 
III cyanobacteria are slightly less represented in the RNA fraction than in the DNA fraction (94% RNA - 85% 
DNA). Unicellular Cyanobacteria of Subsection I remain at a similar relative abundance (~3%) in the DNA and 
RNA fractions.
Cyanobacteria are, together with diatoms, the most important and dominant primary producers of the coastal 
microbial mat ecosystem39. Previous studies in similar coastal mats using microscopy, revealed that unicellu-
lar Cyanobacteria, Synechococcus sp., and filamentous Spirulina sp. are often observed in the early stages of the 
mat formation. The majority of cyanobacterial genera found in the RNA fraction is member of the subsection 
III, family I group, in accordance with previous studies22, 40. Unicellular Cyanobacteria are frequently observed 
using microscopy, but in our dataset the majority of the retrieved Cyanobacteria is filamentous. It is possible that 
the chosen primers are not appropriate for unicellular Cyanobacteria, but microscopic observations confirmed 
the vast dominance of filamentous Cyanobacteria. The data show predominance of Coleofasciculus, Rivularia, 
Lyngbya and, to some extent, Spirulina. Coleofasciculus was previously described as one of the most abundant 
organisms in the intermediate station by other studies22, 41. In the present study, Coleofasciculus is amongst the 
most abundant Cyanobacterial group in the active fraction, which probably results in the fact that this cyanobac-
terium is amongst the first colonizers of this system presumably having an important role on the survival of the 
mat during the winter time.
A curiosity in our dataset is Trichodesmium, a planktonic, gas-vacuolated, N2-fixing cyanobacterium found 
in tropical and subtropical areas of the ocean42. This cyanobacterium was among the top 10 of the active popula-
tion of the microbial mats when considering the V3-V4 region (Table 2). The presence of the previous described 
planktonic Trichodesmium species itself in microbial mats is not plausible, but instead may point towards a close 
relative of Trichodesmium that has adapted to benthic life in a microbial mat.
Using pyrosequencing technology to sequence the V6 16S rRNA region, Cyanobacteria were found to be an 
important component of the microbial community but Proteobacteria clearly dominated the resident fraction 
of the microbial mat22. The dominance of Proteobacteria can be understood considering their versatile metabo-
lism as aerobes or facultative aerobes. Some representatives are even chemolithotrophic or phototrophic43. This 
class is important for several metabolic processes in microbial mats such as ammonium oxidation but also con-
tributes to biogeochemical cycles of carbon, sulfur and nitrogen. In Bolhuis and Stal’s study22, the most abun-
dant organisms retrieved belonged to proteobacterial phyla. In the samples analyzed in this study, we see that 
Cyanobacteria dominate both the DNA and RNA fractions of the microbial mat, followed by Proteobacteria and 
Bacteroidetes. When looking at the class level, Alphaproteobacteria were the most abundant Proteobacteria in 
the RNA dataset (0.0127%), followed by mainly sulfate-reducing Deltaproteobacteria (0.0123%). In the DNA 
fraction, however, Gammaproteobacteria were the most abundant at 0.075%, followed by Alphaproteobacteria at 
0.066% while the contribution of the Gammaproteobacteria to the RNA fraction was only 0.009%. The dominant 
gammaproteobacterial orders found in this study, Alteromonadales, Oceanospirillales and Vibrionales are almost 
exclusively of marine origin44. This may explain their lower relative activity and under brackish conditions they 
may have entered a state of dormancy lasting until the mats are again exposed to full marine salinity. Several 
organisms belonging to the Alpha and Gammaproteobacteria are known to be involved in anaerobic sulfate and 
www.nature.com/scientificreports/
7Scientific RepoRts | 7: 2969  | DOI:10.1038/s41598-017-03095-z
sulfur reduction44. Throughout the year, the sulfur cycle is important in coastal microbial mats and it is therefore 
expected that Alpha-, Gamma- and Deltaproteobacteria are active at any time of the year.
Betaproteobacteria are present at very low levels in the RNA (0.0004%) and DNA (0.003%) fraction (Fig. 2C). 
Some of the organisms belonging to this group perform functions related to the sulfur and nitrogen cycles. 
These cycles are among the most important cycles in marine microbial mats and therefore we expect organ-
isms that carry out these biogeochemical processes to be active throughout the year. Actually, Betaproteobacteria 
are wide spread in freshwater- and terrestrial environments and are found more often in the fresh water domi-
nated mats of Schiermonnikoog that are found close to the dunes22. An exception to the freshwater life style of 
Betaproteobacteria is a rare species that had a short winter bloom in the Arctic Ocean45. The microbial mat inves-
tigated in this study is mainly influenced by brackish water because it receives occasional seawater at spring tides 
and fresh water from rain or upwelling ground water. This difference in salt concentration may be too hostile for 
Betaproteobacteria and may explain their low abundance in the RNA and DNA fraction.
Actinobacteria were not among the key players in the investigated microbial mats, which seems in contradic-
tion with the observation made in 2009 by Bolhuis and Stal22. Nevertheless, the present study agrees with the pre-
vious one on the other groups of microorganisms that were identified as major players in the Schiermonnikoog 
microbial mats. Despite the differences in relative community composition derived from the DNA fraction 
between these two studies it can be concluded that both identified the same major players in the mat, regardless 
the different techniques, the different times of sampling, and the different 16S rRNA regions that were sequenced. 
The differences can be attributed to the natural evolution of the microbial mat and to the applied sampling 
strategy.
For the Proteobacteria, the largest differences between the two selected 16S rRNA regions may be attributed 
to the choice of the primer. Alphaproteobacteria dominated the V1-V3 dataset while the V3-V4 dataset was 
dominated by Gammaproteobacteria at the DNA level. Nevertheless, the V3-V4 region revealed a more diverse 
representation of the proteobacterial class, which is in accordance with previous results in various microbial 
mats and in accordance with the expected diversity of sulfide oxidizing Gamma- and Alphaproteobacteria and 
sulfate-reducing Deltaproteobacteria1, 46. The class Cytophaga was more abundant in the RNA fraction, while 
Flavobacteria dominated the DNA fraction. Both Cytophaga and Flavobacteria are known to degrade organic 
matter suggesting that at time of sampling, Cytophaga are the most likely candidates performing this important 
recycling function.
We conclude that: 1) using 16S rRNA sequence analysis there is no change in the activity of the different 
groups of microorganisms in the microbial mat during a 24-h day; 2) Cyanobacteria are the main players in this 
microbial mat at the time of sampling. They dominate both the active (RNA) and resident (DNA) fractions; 3) 
the nucleotide source (RNA or DNA) affects the outcome of the microbial diversity analysis. Hence, there is a dis-
crepancy between the organisms present in the microbial mat and those that are actually active. The resident and 
active microbial communities are significantly different. This different community composition translates in the 
success of the whole ecosystem which confirms the cooperation between all organisms, active and non-active; 4) 
The application of different approaches, such as the analysis of both the DNA and RNA fractions, the sequencing 
of more than one region of the 16S rRNA, and statistical relevant sampling strategy (sufficient replicates, sampling 
of larger area, 24-h sampling), is currently the best way of avoiding biases inherent of these molecular diversity 
studies. The region V3-V4 of the 16S rRNA gene proved to be the most suitable to uncover the diversity of this 
microbial mat ecosystem.
Materials and Methods
Sampling site and sampling procedure. Samples were taken from a coastal microbial mat on the North 
Sea beach of the Dutch barrier island Schiermonnikoog (53°29.410′ N, 6°,08.356′ E) on 6 and 7 November 2013 
at 4-h intervals during a 24-h period (at 18:00, 22:00, 06:00, 10:00, 14:00, and again at 18:00). Sampling at 02:00 
was skipped because of the inaccessibility of the site. The targeted microbial mat was of the previously described 
as “intermediate type”, located between the tidal zone and the vegetated freshwater zone23. At each time point 
10 subsamples were taken randomly within a 15 × 15 m area with a sterile 10-ml syringe, of which the top was 
removed in order to extract a core of ~10 mm in diameter. The top 5 mm of each core of each the sample was 
split in two halves along the vertical axis, each covering the full 5 mm of mat layers, for respectively DNA and 
RNA extraction. For DNA extraction, the samples were put in in sterile 5-ml cryotubes (VWR International, 
Pennsylvania), snap frozen in liquid nitrogen and put on dry ice for transportation to the lab where they were 
stored at −80 °C until processing. Samples for RNA extraction were first mixed with 2.5 ml of LifeGuard™ Soil 
Preservation Solution (MOBIO, Carlsbad, CA, USA) to prevent RNA degradation.
Nucleic acid extraction and copy DNA synthesis. DNA was independently extracted from each of the 
60 samples using the PowerSoil® DNA isolation kit (MOBIO, Carlsbad, CA, USA) according to the manufactur-
er’s instructions. DNA yield and quality was checked by NanoDrop 1000 (NanoDrop, Wilmington, DE, USA) and 
by agarose gel electrophoresis. For further processing and standardization, the DNA concentration was adjusted 
to 20 ng µl−1. After DNA quantification, the 10 samples taken at one time point were pooled resulting in 6 samples 
each representing a different point an time and different part of the microbial mat. RNA was extracted from ~2 g 
wet weight of microbial mat using the PowerSoil® RNA extraction kit (MOBIO, Carlsbad, CA, USA) according 
to the manufacturer’s instructions. Total RNA yield and quality was measured using the Agilent 2100 Bioanalyzer 
(Agilent Technologies, Santa Clara, CA, USA) and samples with a RNA Integrity Number (RIN) lower than 6 
were excluded from further analysis. RNA concentrations were adjusted to 50 ng µl−1, whereafter the 10 subsam-
ples were pooled. Residual DNA in the RNA fraction was removed using the TURBO DNA-free™ DNAse kit 
(Ambion/Life Technologies - Thermo Fisher Scientific, USA) and removal was confirmed by 16S rRNA gene PCR 
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amplification using a DNA dependent polymerase (ThermoFisher Scientific, Pittsburgh, PA, USA) with univer-
sal bacterial primers B8F47 and U1492R48 and subsequent agarose gel electrophoresis (1.5% agarose gel). From 
the DNA free RNA fractions, copyDNA (cDNA) was synthesized using SuperScript® III Reverse Transcriptase 
(ThermoFisher Scientific) according to the manufacturer’s instructions. Successful reverse transcription and syn-
thesis of cDNA was validated by PCR analysis as described above.
The 6 DNA and 6 cDNA samples were submitted to BGI (Hong Kong, China) (http://www.genomics.
cn/en/index) for bacterial 16S rRNA amplicon sequencing using the Illumina MiSeq platform. Two dif-
ferent regions of the bacterial 16S rRNA gene were targeted with the V1-V3 primer set (V1 primer – B8F, 
5′-AGAGTTTGATCCTGGCTCAG-3′ and V3 primer – 534 R, 5′-ATTACCGCGGCTGCTGG-3′)49 and 
the V3-V4 primer set (V3 primer – 338 F, 5′-ACTCCTACGGGAGGCAGCAG-3′50 and V4 primer – 806 R, 
5′-GGACTACHVGGGTWTCTAAT-3′51). Sequencing insert library construction, barcoding and amplicon 
sequencing were done by BGI. Raw sequences in fastq format were submitted to the Sequence Read Archive, 
https://www.ncbi.nlm.nih.gov/sra, under the BioProject accession number SUB2291354.
Bioinformatics and statistical analysis. Microbial community analysis was largely done using algo-
rithms and programs run from the QIIME pipeline52. Raw Illumina PE300 reads were paired and pre-processed 
using PEAR53. A quality filter step was used to filter out reads with ambiguous bases (Ns), i.e. reads composed by 
less than 250 nucleotides, or reads of which the average quality scores, using a sliding window of 40 bp, dropped 
below a satisfactory threshold of 25 Phred. Reads were further processed with Vsearch 1.1.3 (https://github.
com/torognes/vsearch)54, in order to remove chimeras prior to performing de novo clustering into OTUs at 95% 
sequence identity. Rare OTUs with less than 75 reads in the combined amplicon data were discarded. The cluster 
centroid for each OTU was chosen as the OTU representative sequence. The taxonomic assignment of the repre-
sentative sequences was carried out using the RDP Bayesian Classifier55 against the SILVA SSU non-redundant 
database (version 111 release) that was pre-aligned and clustered at 97% identity, and using a consensus confi-
dence threshold of 0.8. The RDP classifier was then used to assign OTUs, using the fifth and sixth taxonomic 
level wherever possible, which in most cases corresponded to family and genus ranks. To determine the suitable 
sequencing depth that covers the extant microbial diversity for each time point, a rarefaction table was calculated 
for each sample. Microbial diversity between samples (beta-diversity) and statistical significance was determined 
by Non-metric multidimensional scaling using a Bray-Curtis dissimilarity matrix and PERMANOVA using the 
ADONIS functions of the vegan R Package56. Venn diagram was created by calculating the number of shared and 
unique genera in the different datasets in Excel.
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